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Abstract: Predicting the effects of anthropogenic CO2 emissions on coastal ecosystems 
requires an understanding of the responses of algae, since these are a vital functional 
component of shallow-water habitats. We investigated microphytobenthic assemblages on 
rock and sandy habitats along a shallow subtidal pCO2 gradient near volcanic seeps in the 
Mediterranean Sea. Field studies of natural pCO2 gradients help us understand the likely 
effects of ocean acidification because entire communities are subjected to a realistic suite of 
environmental stressors such as over-fishing and coastal pollution. Temperature, total 
alkalinity, salinity, light levels and sediment properties were similar at our study sites. On 
sand and on rock, benthic diatom abundance and the photosynthetic standing crop of 
biofilms increased significantly with increasing pCO2. There were also marked shifts in 
diatom community composition as pCO2 levels increased. Cyanobacterial abundance was 
only elevated at extremely high levels of pCO2 (>1400 μatm). This is the first demonstration of 
the tolerance of natural marine benthic microalgae assemblages to elevated CO2 in an 
ecosystem subjected to multiple environmental stressors. Our observations indicate that 
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Mediterranean coastal systems will alter as pCO2 levels continue to rise, with increased 
photosynthetic standing crop and taxonomic shifts in microalgal assemblages. 
Keywords: cyanobacteria; diatoms; Mediterranean; microphytobenthos; ocean acidification; 
multiple stressors 
 
1. Introduction 
The current rate of CO2 release into the atmosphere is driving geochemical changes in the ocean that 
are thought to be unparalleled in the last 300 million years [1]. Researchers around the world are now striving 
to find out how ongoing increases in surface seawater pCO2 and bicarbonate (HCO3−) will affect 
photoautotrophs [2]. Most microalgae have evolved a carbon concentration mechanism (CCM) which 
increases the CO2 concentration at the active site of ribulose-1,5-bisphosphate carboxylase/oxygenase 
(RUBSICO) [3]. Down-regulation of CCM activity has been observed when microalgae have been 
grown in high CO2 conditions [4,5]. Due to the high metabolic costs of CCMs, it is thought that 
microalgae could benefit from CO2 enrichment since down regulation of the CCM may allow for 
optimized energy and resource allocation [4–7]. The responses of microalgae to ocean acidification 
caused by rising pCO2 levels could have wide-ranging ramifications for ocean health globally since they 
drive biogeochemical cycles and contribute significantly to global primary production [8]. However, 
ocean acidification is not proceeding in isolation; interactive effects of elevated CO2 with other changing 
environmental conditions such as temperature [9,10], light [11], nutrients [12], metal toxicity [13] and 
pollution (e.g., sewage, petroleum wastes, pesticides, agricultural run-off) [14] may occur, complicating 
the prediction of ecosystem responses to rising CO2 levels. 
“Microphytobenthos” are assemblages of microalgae and photosynthetic bacteria that colonise 
benthic substrata. We decided to investigate assemblages living on rock and on sandy sediments at 
increasing levels of pCO2 since microphytobenthic assemblages contribute significantly to primary 
production in shallow coastal ecosystems, providing a key source of food and playing important  
roles in biogeochemical processes, as well as in invertebrate and macroalgal settlement [15,16].  
Benthic microalgal biomass may be much higher in sediments than in the water column (particularly in 
muddy sediments) and provide a primary source of fixed carbon to marine food webs; at the sediment-water 
interface these assemblages also stabilise sediment and modify nutrient and oxygen flux [17]. 
Laboratory and field studies have indicated that macroalgal assemblages are likely to show  
profound shifts in taxonomic composition as CO2 levels rise this century due to alterations in the 
competitive outcomes between calcified and non-calcified species, and between those with and  
without-CCMs [18,19]. However no previous studies have addressed the effects of high CO2 on natural 
microphytobenthic assemblages; trials using artificial settlement substrata revealed dramatic alterations 
in the composition of bacterial and microalgal biofilm communities [20–22]. Despite the advantage of 
being highly standardised, the use of artificial substrata does not accurately represent natural 
communities [23]. Sampling communities that have colonised natural surfaces along CO2 gradients may 
provide more realistic insights into the effects of ocean acidification than studies that used artificial 
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substrata [24]. A recent investigation of natural marine sediment bacterial communities documented 
increased bacterial diversity and a shift in community composition with increasing levels of pCO2 [25]. 
Here, sub-tidal epilithic biofilms and the microphytobenthos associated with sandy sediments (both 
epipelic and epipsammic components) were investigated along a coastal CO2 gradient in the 
Mediterranean Sea. Certain carbon dioxide seeps provide useful proxies for ocean acidification, 
revealing the structure of marine communities that are resilient to the long-term effects of elevated  
pCO2 [26,27]. In situ assessments of these communities provide an opportunity for investigating the 
effects of multiple environmental stressors on ecosystems because, in addition to CO2-enrichment, the 
ecological communities found here are subjected to the typical stressors of a coastal habitat in the 
Anthropocene, such as coastal pollution [28] and overfishing [29]. Elevated levels of metals mercury, 
cadmium and zinc have been located at many seep systems and although such areas are normally avoided 
in field studies of the effects of ocean acidification, they could be used to investigate the interactive 
effects of acidification and metal toxicity [30]. 
Since biofilm formation on hard substrata is a ubiquitous process in the marine environment, and 
much of the surface layer of sediments on continental shelves receive sufficient light to sustain primary 
production, these microbial habitats are important components of coastal and global carbon cycles. 
Benthic net community production has been estimated to occur over 33% of the global shelf area (based 
on the compensation irradiance for microphytobenthic community metabolism) and theupper limits of 
the global net and gross primary production of microphytobenthos have been reported at 2.7 × 1013 and 
3.5 × 1014 moL C year−1, respectively [31]. The aim of this study was to investigate changes in 
microphytobenthic biomass and composition along a natural pCO2 gradient, subject to multiple coastal 
stressors (e.g., fishing, coastal pollution, heat waves), to better inform predictions of coastal ecosystem 
resilience to ocean acidification. We hypothesise that microphytobenthic photosynthetic standing crop will 
be enhanced in acidified areas due to an increase in inorganic carbon availability for photosynthesis. 
2. Material and Methods 
2.1. Study Site and Sampling Stations 
Microphytobenthic assemblages were sampled along a rocky coast off Vulcano (38°25′ N, 14°57′ E, 
part of the Aeolian Island chain, NE Sicily, Figure 1). This is a microtidal region where volcanic CO2 
seeps acidify the seawater producing a gradient ranging from ~pH 8.2 to ~pH 6.8, running parallel to  
the coast. 
The carbonate chemistry of the gradient (at a depth of ~0.5 m) was monitored over a two year period 
(September–October 2009, April 2010, September–October 2010, May 2011 and September  
2011–October, n = 22–27) using methods previously published [21,32]. In brief, a calibrated YSI  
(556 MPS) pH (NBS scale) meter was used to measure temperature, pH and salinity. Total Alkalinity 
was measured at each station, from a water sample that had been passed through a 0.2-μm pore size filter 
(stored in the dark at 4 °C), using an AS-Alk 2 Total Alkalinity Titrator (Apollo SciTech Inc., Newark, 
GA, USA). The remaining parameters of the carbonate system were then calculated using CO2 SYS 
software [33]. 
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Figure 1. Location of Baia di Levante (Vulcano Island, NE Sicily), showing sampling 
stations S1–S3 and R1–R4, V = CO2 seeps. Data in brackets show mean pH of each station 
(n = 22–27). 
Three reference stations were located outside the CO2 seep area with normal, relatively stable pH  
(R1 mean pH 8.17, 95% confidence intervals (CI) as percentage of the mean pH = 0.42%; R2 pH 8.18, 
CI = 0.32%; R3 pH 8.19, CI = 0.28%, n = 22–24) representative of present-day pCO2 conditions. Three 
stations with increasing proximity to the seeps were characterised by intermediate to low mean pH  
(S1 mean pH 8.06, CI = 0.59%; S2 pH 7.54, CI = 1.59%; S3 pH 7.46, CI = 2.03%, n = 24–27).  
An additional reference station was used to investigate sediment assemblages; this station also had 
normal, stable pH (R4 mean pH 8.16, CI = 0.32%, n = 22) with the same black volcanic sand as found 
throughout the bay, deposited by the last volcanic explosion on the island in 1888. The seven stations 
provided a gradient of increasing pCO2 (Table 1). Due to dynamic seep activity and advection of high 
CO2 water, the stations close to the CO2 seeps were characterised by high pH variability as similarly 
reported in other seep studies [34–36]. 
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Table 1. Seawater pH, Total Alkalinity (±SE, n = 3) measurements and calculated pCO2 off 
Vulcano. Temperature (range 18.6–27.7 °C; April–October), pH (NBS scale) and salinity  
(n = 38) were measured on several occasions between September 2009 and September 2011. 
Station pH (NBS Scale) TA mmol kg−1 pCO2 (μatm) HCO3− mmol kg−1 
 max 8.35  241 2.206 
R1 med 8.17 2.682 388 2.341 
 min 8.06 (±0.12) 513 2.405 
 max 8.29  274 2.177 
R2 med 8.18 2.591 365 2.251 
 min 8.08 (±0.03) 471 2.311 
 max 8.29  272 2.165 
R3 med 8.18 2.579 364 2.247 
 min 8.10 (±0.04) 446 2.288 
 max 8.26  295 2.189 
R4 med 8.12 2.582 424 2.28 
 min 8.08 (±0.05) 470 2.307 
 max 8.22  355 2.401 
S1 med 8.08 2.79 510 2.499 
 min 7.76 (±0.08) 1119 2.627 
 max 8.10  474 2.436 
S2 med 7.71 2.742 1244 2.601 
 min 7.07 (±0.07) 5628 2.697 
 max 8.24  337 2.392 
S3 med 7.66 2.796 1428 2.662 
 min 6.80 (±0.12) 10,730 2.762 
Temperature, total alkalinity, and salinity were relatively constant in the shallow subtidal region along 
this gradient [21] and geochemical monitoring of the bay has confirmed the suitability of the chosen 
stretch of coastline for ocean acidification studies, since H2S and other toxic volcanic compounds are 
undetectable in the water column [36]. There was no significant difference in midday light intensities 
between stations R2 (mean lux = 36,935 ± 3641, n = 13) and S3 (mean lux = 38,895 ± 4234, n = 13) [21]. 
Water samples for dissolved nutrient analysis (nitrite, nitrate, silicate and phosphate) were collected 
from stations S1–S3 and R1 (as a representative of all reference stations) at <1 m depth. Samples were 
collected in 60 mL Nalgene bottles which had been pre-rinsed three times with the sample whilst wearing 
nitrile-free gloves. Between 5 and 6 replicate samples were taken between May 25–26 2011 and frozen prior 
to colorimetric analysis on a multi-channel AutoAnalyser (Bran + Luebbe GmbH SPX Process 
Equipment, Norderstedt, Germany). At stations S1–S3 and R4, three replicate 100 g sediment samples 
were collected at a depth of ~1 m and air dried in May 2011. The sediment was analysed to determine 
grain size distribution, sediment sorting and skewness, sediment type and texture as described by 
Johnson [32]. 
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2.2. In Situ Microphytobenthic Sampling 
See Figure S1 for an overview of the experimental approach. Epilithic biofilms were sampled from 
large boulders at 0.5 m depth within 5 m × 3 m plots at stations R1–R3 and S1–S3 between September 
and October 2010. Samples were separated by a gap of least 30 cm and to reduce potentially confounding 
biological and physical effects, the samples were removed from central surfaces of relatively flat-topped 
rocks where macroflora and fauna were absent at the time of sampling. 
For the majority of the analyses (except for chla and SEM analysis which were sampled from rock 
chippings), biofilm was sampled using a brush mounted in an acrylic cylinder. Once an adequate seal 
was created between the open end of the cylinder and a flat rock surface, the brush was twisted 
continuously for 2 min to dislodge biofilm material from a 7 cm2 area. The suspended material was then 
collected through an attached 60 mL syringe. To avoid cross sample contamination, the device was 
thoroughly rinsed between each use and a new brush head attached at each station. 
Sediment cores (area = 56.7 cm2, depth = 3 cm) were taken at 0.5–1.5 m depth from 5 × 3 m plots at 
R4, S1 S2 and S3 in May 2011 (it was not possible to sample epipsammic and epipelic communities at 
sites R1–R3 due to the lack of sandy sediment at shallow depth (<1.5 m) comparable to S1–S3).  
For each set of analyses, ten cores were taken haphazardly with a gap of at least 30 cm between samples. 
To account for patchy distributions of the microphytobenthos, and to ensure sufficient material for each 
analysis, five sub-samples (area = 0.64 cm2, depth = 5 mm) from the surface of each core were pooled 
and treated as one sample. 
2.3. Chlorophyll-a Extraction 
The photosynthetic standing stock of epilithic biofilms was assessed by removing (by hammer and 
chisel) 30 rock chips (~2 cm × 2 cm) from the sampling plots. The photosynthetic standing stock of sand 
microphytobenthos was assessed from sediment cores (n = 10 per station). Rock chips and sediment 
samples were immediately frozen (–20 °C) on collection then stored at –80 °C until analysis (<2 weeks) 
to prevent chlorophyll degradation. 
The surface area of the rock chips were measured from photographs using Image J software (v 1.43, 
National Institutes of Health, Bethesda, MD, USA) and the biofilm material was removed from the 
surface. Sediment samples were first lyophilised to remove water content (which can affect absorbance 
readings) and to improve the extraction efficiency [37]. Chlorophyll was extracted from the rock chip 
biofilm material and sediment samples using 100% hot ethanol, and the absorbance of each sample at 
632, 649, 665, 969 and 750 nm was measured in a spectrophotometer (Cecil CE2011, Cecil Instruments 
Ltd., Cambridge, UK). Three replicate readings were taken at each absorbance to calculate an average 
value of chla for each sample. The total amount of chla was calculated using the quadrichroic equation 
of Ritchie [38] and expressed per unit surface area (μg cm−2) for the rock chips and per unit dry weight 
for the sediment (μg g−1). 
2.4. Diatom Abundance 
To determine diatom abundance within the biofilm samples (dislodged biofilm material suspended in 
60 mL seawater) and sediment (pooled sediment samples in 20 mL seawater), the samples (n = 10) were 
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first preserved with Lugol’s Iodine solution and stored in a cool, dark place until counting. Bottles 
containing the biofilm were shaken vigorously to break up clumps and re-suspend diatoms. The epipelic 
and epipsammic diatom components of the sediment samples were separated following the methods of 
Hickman and Round [39]. The non-attached epipelon were isolated by shaking the sample in filtered 
seawater and removing the supernatant, a process repeated five times. The epipsammic diatoms were 
removed from the sand grains by sonication, an optimum sonication period of 10 min was set to ensure 
sufficient diatom removal (~90%) with minimum cell damage [40]. After sonication the sample was 
gently shaken to re-suspend the diatoms which were then removed in the supernatant. 
Diatom abundances were determined using a Sedgewick-Rafter plankton counting chamber [41].  
A 1 mL aliquot from each sample was put into the counting chamber and were observed under 400× 
magnification using an inverted light microscope (Diaphot, Nikon, Japan). Diatoms were counted in 
grids across randomly selected columns in the chamber until approximately 100–200 diatoms had been 
counted. The number of diatoms per unit surface area (cm−2) was then calculated as follows: 
Diatom	cells/mL ൌ diatoms	counted	 ൈ 1000no. of	observed	grids  
Diatom	cell	density	ሺdiatoms/cmିଶሻ ൌ diatoms/mL	 ൈ 	storage	volumesurface	area	of	benthos	sampled 
Three replicate counts were conducted to give an average diatom density for each sample. 
2.5. Epi-Fluorescence Microscopy 
A Biorad Radiance 2000 confocal laser scanning microscope (CLSM) was used to determine the 
abundance of cyanobacteria within epilithic biofilms. Cyanobacteria disperse their pigments throughout 
their cytoplasm (as opposed to diatoms where they are enclosed in plastids) thereby making  
epi-fluorescence a suitable technique for quantifying coverage of these microorganisms within a biofilm. 
In was not possible to use CLSM on the rock chips because the rugose microtopography made focusing 
difficult, limiting the accuracy of the technique. Instead, 60 mL samples of biofilm suspension (n = 10 per 
station) were filtered on to 0.2 μm cyclopore polycarbonate membranes (Whatman, GE Healthcare Life 
Sciences, Buckinghamshire, UK). 
A CLSM was also used to determine the abundance of cyanobacteria within the sediment samples. 
Dead cells and empty diatom valves in the sediment (often the remains of previous epipelic and 
epipsammic assemblages and those of surrounding epiphytic and planktonic populations which settle on 
the bottom sediment after death) can lead to a significant source of error when estimating 
microphytobenthic populations under bright field light microscopy [42]. Therefore, as epifluorescence 
measurements discriminate against dead cells, diatom epifluorescence was also measured as a proxy for 
diatom abundance. This technique was not useful for examining the epipsammon, as the uneven 
microtopography of the sand grains made focusing difficult; therefore, only the epipelic component was 
analysed with this technique. 
The filtered biofilm samples and pooled sediment samples were fixed in 2.5% glutaraldehyde (diluted 
with filtered seawater) for approximately 1 h in the dark. The filter papers containing the biofilm were 
then rinsed in distilled water and mounted on microscope slides. The epipelon was separated from the 
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sediment by the process described above. The supernatant was filtered through 0.2 μm filter papers 
which were then mounted on microscope slides. All slides were stored at −20 °C (in the field <48 h) to 
ensure the chloroplasts retained their autofluorescence for examination at a later date [43]. When longer 
storage periods (<3 weeks) were required i.e., between processing of samples in the UK, storage took 
place at −80 °C [44]. The slides were viewed using a CLSM; excitation 488 nm; emission 570–590/70 
and 660–700 nm. A total of 30 images were taken (×10 magnification) at random locations across the 
filter papers and the percentage cover of cyanobacteria fluorescence (and epipelic diatoms) was digitally 
quantified per image using Image J software. The mean percentage cover was then calculated for each 
sample from the 30 images. 
2.6. SEM Analysis 
The composition of the epilithic and epipelic diatom community was analysed by a scanning electron 
microscope (SEM). Five replicate rock chips (~2 cm × ~2 cm) were removed from stations R2, S1–S3 
and six sediment samples were taken from R4, S1–S3. Only one reference station was sampled in this 
component of the study; however, since all reference stations exhibited similar physical and chemical 
seawater properties, selecting one representative reference station was sufficient for comparative 
purposes. All samples (the epipelic component was isolated as above, filtered onto filter papers and 
stored in a phosphate buffer solution) were fixed (2.5% glutaraldehyde, one hour), air dried and coated 
with gold prior to SEM observation. Between 200 and 400 cells were counted and identified to genus from 
randomly positioned images on the colonised areas of rock chips/filter papers. The relative composition 
of diatom genera was then averaged for each station. Diatoms that could not be accurately identified 
were assigned to numbered groups (e.g., unidentified pennate 1, 2, etc.). 
2.7. Statistical Analysis 
Differences in microphytobenthic assemblages between stations were tested using one-way ANOVA and 
multiple pairwise comparison post hoc tests (Tukey’s Test) were performed where differences were 
significant. Data that failed tests for normality (Shapiro-Wilk) and homogeneity (Levene Median test) 
were transformed (arc sin and ln) until assumptions were met. When transformations were unsuccessful, 
data were analysed by Kruskal-Wallis one way analysis of variance on ranks and multiple pairwise 
comparison post hoc tests (Dunn’s method). These statistical analyses were performed using SigmaPlot 
11.0 (Systat Software, Inc., San Jose, CA, USA). 
The abundances of diatom genera were used to calculate Shannon diversity (H′), Pielou’s evenness 
(E) and Simpsons index of dominance (D) for each rock chip/sediment sample from each station.  
The similarity of community assemblages across the epilithic biofilms (total n = 20) and sediment 
samples (total n = 24) was examined by hierarchical cluster analysis using IBM SPSS Statistics  
18 (IBM Corp, NY, USA). Only genera representing over 1% abundance were included in this analysis 
including any of the numbered unidentified diatoms groups. Assemblages were clustered using a 
dissimilarity coefficient (squared Euclidian distance) and Ward’s method (minimum variance clustering). 
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3. Results 
3.1. Dissolved Nutrient Concentrations and Sediment Properties 
Phosphate concentrations remained at low, undetectable levels (<10 nmol L–1) and there were no 
significant differences in nitrate concentrations (ANOVA: F(3,20) = 1.827, p = 0.175). There were 
significant differences in nitrite (Kruskal-Wallis: H(3) = 8.327, p < 0.05) and silicate (Kruskal-Wallis: 
H(3) = 12.780, p < 0.05) concentrations along the CO2 gradient (Table 2); S3 had significantly higher 
nitrite and silicate concentrations than R1 (Dunn, p < 0.05), but there were no significant differences in 
these nutrients between the remaining stations (Dunn, p > 0.05). The sedimentary stations all comprised 
well-sorted coarse black volcanic sand. 
Table 2. Mean (± SE; n = 5–6) dissolved nutrient concentrations along a CO2 gradient off 
Vulcano. Phosphate was below the detection limit of the AutoAnalyser (~10 nmol/L) at  
all stations. 
Station Nitrite (μM) Nitrate (μM) Silicate (μM) 
R1 0.01 ± 0.001 0.24 ± 0.05 3.43 ± 0.05 
S1 0.01 ± 0.005 0.13 ± 0.03 8.34 ± 2.73 
S2 0.02 ± 0.003 0.16 ± 0.06 15.12 ± 2.45 
S3 0.02 ± 0.001 0.33 ± 0.1 19.39 ± 1.24 
 
Figure 2. Chla concentration of epilithic biofilms and chla content of the microphytobenthos 
(MPB) in surface sediment sampled along a CO2 gradient off Vulcano, Italy  
(median = horizontal line, 25th and 75th percentiles = vertical boxes, 10th and 90th 
percentiles = whiskers and dots = min/max values, epilithic; n = 30 per station, sediment;  
n = 10 per station). 
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3.2. Photosynthetic Standing Crop (Chla) 
Chla concentration altered significantly in both rocky (Kruskal-Wallis, H5 = 84.219, p < 0.001) and 
sedimentary habitats (ANOVA: F(3,36) = 3.908, p < 0.05) along the gradient of increasing pCO2 (Figure 2). 
The Chla concentration in epilithic biofilms was significantly greater (Dunn, p < 0.05) in the CO2 
enriched stations S2 (mean Chla = 2.9 μgcm−2 ± SE 0.2, n = 10) and S3 (4.0 μg cm−2 ± SE 0.4,  
n = 10) compared to the reference stations R1 (1.3 μgcm−2 ± SE 0.1 n = 10), R2 (1.0 μgcm−2 ± SE 0.09 
n = 10) and R3 (1.4 μgcm−2 ± SE 0.10, n = 10) which did not differ significantly from one another (Dunn, 
p > 0.05). On sand, the highest mean values of Chla were recorded in the CO2 enriched stations S2 and 
S3 (0.92 μg gdw−1 ± 0.13 and 0.76 μg gdw−1 ± 0.14, respectively). Post hoc pairwise comparisons 
however, revealed that Chla content only differed significantly between stations S1 and S2  
(Tukey, p < 0.05). 
3.3 Benthic Diatom Abundance 
Diatoms increased significantly in abundance along the gradient of increasing CO2 (Figure 3) in 
epilithic (ANOVA, F(5,54) = 34.554, p < 0.001), epipsammic (ANOVA: F(3,36) = 36.187, p < 0.001) and 
epipelic assemblages (ANOVA: F(3,36) = 24.653, p < 0.001). There were three times as many epilithic 
diatoms at S3 (189,448 cells cm−2 ± SE 11,494) than at the reference stations where diatom abundances did 
not significantly differ from each other (Tukey p > 0.05; R1 = 65,437 cells cm−2 ± SE 5527 n = 10,  
R2 = 52,135 ± SE 4114 n = 10, R3 = 73,639 ± SE 7904 n = 10). The abundances of epipsammic and 
epipelic diatoms were also significantly greater at S3 (11,384 cells cm−2 ± SE 702 n = 10 and  
84,247 cells cm−2 ± SE 12,233 n = 10, respectively) compared to the other stations (Tukey, p < 0.05) 
where diatom abundances were not statistically different from each other (Tukey, p > 0.05). 
 
Figure 3. Mean diatom abundance (+SE) of epilithic, epipsammic and epipelic assemblages 
along a natural CO2 gradient (n = 10 per station). 
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3.4. Epi-Fluorescence Analysis 
Filamentous rhodophytes were ubiquitous in the biofilms sampled (Figure S2). Their photosynthetic 
pigments emit fluorescence at the same wavelength as cyanobacteria (~660 nm) so it was not possible 
to use this technique to accurately differentiate between the groups as both can occur in filamentous, 
branching forms. Therefore, areal coverage of phycobilin fluorescence was used to indicate changes in 
photosynthetic biomass along the CO2 gradient. There was a significant difference detected in the 
percentage cover of phycobilin related fluorescence within biofilms sampled along the gradient 
(ANOVA: F(5,54) = 9.09, p < 0.001), but there were no significant differences detected between R1, R2, 
R3, S1 and S2 (Tukey, p > 0.05). Only biofilm at S3 had a significantly higher cover of algae containing 
phycobilins (15.4% ± SE 1.8%, n = 10) than the remaining stations (Tukey, p < 0.001), the cover of 
which ranged between 6% and 9%. 
Epipelic diatom epi-fluorescence also varied significantly between stations (Figures S3 and S4; 
ANOVA: F(3,36) = 25.065, p < 0.001). The percentage cover of diatom epi-fluorescence was significantly 
greater at stations S2 and S3 (2.7% ± SE 0.39% and 3.3% ± SE 0.23% respectively) than R4 (Tukey,  
p < 0.05). The cover of cyanobacteria epifluorescence (in this case there was an absence of the 
filamentous epilithic rhodophytes observed in biofilm samples) was significantly different along the CO2 
gradient (Figure 4; ANOVA: F(3,36) = 52.936, p < 0.001). The cover at S3 (2.3% ± SE 0.08%) was 
significantly greater than at S1, S2 and R4 (Tukey, p < 0.05) which were all found to be statistically 
similar (Tukey, p > 0.05). 
 
Figure 4. Mean (+SE) epi-fluorescence of epipelic diatoms and cyanobacteria sampled from 
the surface sediment at each station (n = 10). 
3.5. Benthic Diatom Assemblage Composition 
Both rocky shore and sedimentary diatom assemblages altered significantly along the CO2 gradient 
(Figure 5). Epilithic assemblages were similar at the reference stations and S1, where there was a small 
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increase in pCO2, but markedly different from the stations S2 and S3 which had high levels of pCO2 
(Figure 5). Biofilm SEM images (Figure S4) and cell counts of the most numerous taxa (Figure S5) 
reveal which epilithic genera proliferated at elevated CO2 levels (Rhabdonema, unidentified Bacillariaceae, 
Cocconeis, Amphora, Striatella), which became more scarce (Licmophora, Tabularia) and those that 
appear to be unaffected by the changes in seawater carbonate chemistry (Synedra, Mastogloia, Navicula, 
Nitzschia). The CO2 enriched stations had a larger proportion of chain-forming genera (Rhabdonema, 
Striatella, unidentified Bacillariaceae) than the reference station. The diversity of epilithic diatom genera 
(Figure S6) was higher at the reference station H′ 2.12 ± SE 0.07 n = 5) than at the CO2 enriched stations 
(S1 = 1.83 ± SE 0.06 n = 5, S2 = 1.55 ± SE 0.24 n = 5, S3 = 1.77 ± SE 0.07 n = 5) although differences 
in diversity indices between these stations were not statistically significant (H’ ANOVA: F(3,16) = 2.927, 
p = 0.066; evenness J ANOVA: F(3,16) = 3.113, p = 0.056; dominance D ANOVA: F(3,16) = 0.718, p = 0.556). 
 
Figure 5. Epilithic diatom assemblages along a natural CO2 gradient. (a) Relative 
composition of epilithic assemblages at different pCO2 levels. Bar charts include all genera 
present over 1% and all unidentified diatoms grouped as unidentified pennate or naviculoid 
(n = 5 per station,); (b) Hierarchical cluster analyses of the similarity of epilithic diatom 
assemblage composition based on Ward’s method with squared Euclidian distance for all 
the biofilms sampled along a natural CO2 gradient (n = 20). Analysis consists of all genera 
present over 1%, including any of the unidentified groups. 
In epipelic assemblages, Cocconeis and Striatella were more prevalent at the high CO2 stations  
(S2 and S3) but several genera were less abundant than in reference conditions (Mastogloia, 
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Grammatophora, Synedra, Nitzschia and Amphora, Figure 6a). The assemblages differed markedly 
between the reference station and the CO2 enriched stations (Figure 6b). At elevated pCO2 there was a 
proliferation of some sand-dwelling genera (Cocconeis, Striatella), reduced abundance of several others 
(Navicula, Nitzschia, Grammatophora, Mastogloia, Synedra, Amphora), while the abundance of other 
genera showed relatively little change along the CO2 gradient (Licmophora, Bacillaria). The diversity 
of epipelic diatom genera decreased significantly at stations with high CO2 (ANOVA, F(3,20) = 48.120, 
p < 0.001), the dominance index was significantly higher at S2 and S3 than the other two stations 
(ANOVA: F(3,20) = 47.516, p < 0.001; Tukey, p < 0.05) and the evenness of the assemblage decreased 
significantly at elevated CO2 (ANOVA: F(3,20) = 19.877, p < 0.001), with the reference station having 
significantly greater evenness than S2 and S3 (Tukey, p < 0.05). 
 
Figure 6. Epipelic diatom assemblages along a natural CO2 gradient. (a) Relative 
composition of epipelic assemblages at different pCO2 levels. Bar charts include all genera 
present over 1% and all unidentified diatoms grouped as unidentified pennate or naviculoid 
(n = 6 per station,); (b) Hierarchical cluster analyses of the similarity of epipelic diatom 
assemblage composition based on Ward’s method with squared Euclidian distance for all 
the sediment samples collected along a natural CO2 gradient (n = 24). Analysis consists of 
all genera present over 1%, including any of the unidentified groups. 
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4. Discussion 
Researchers have recently begun to examine the potential effects of ocean acidification on 
microphytobenthic assemblages since they are known to play a crucial role in coastal ecosystems [21,22]. 
Since ocean acidification is occurring alongside a variety of other anthropogenic changes, studies of 
marine photoautotrophs have also started to address the interactive effects of multiple stressors [45]. To 
the best of our knowledge, the present study provides the first field observations of natural populations along 
a gradient of pCO2 subjected to multiple coastal stressors (e.g., fishing, coastal pollutionand heat waves) 
and revealed considerable differences between epilithic, epipelic and epipsammic microalgal 
assemblages in acidified vs. ambient conditions. The standing crop of microalgae on rock and sediment 
was significantly higher in areas with elevated pCO2 compared to reference conditions, with a 
proliferation of diatoms at moderate increases in pCO2 and of cyanobacteria in areas with extremely 
large increases in pCO2. This study validates the findings of previous work on the using artificial 
substrata [21]; by evaluating natural epilithic, epipelic and epipsammic communities this study provides 
a more realistic indication of the future changes expected in shallow sub-tidal rocky habitats as  
oceans acidify. 
It is clear from our study, and others [4,46], that many coastal diatoms are tolerant of wide fluctuations in 
pH. However, it is important to consider the potential internal buffering capacity within these 
assemblages that occurs as a result of the high pH generated in dense photoautotrophic biofilms, since 
this may reduce the potential negative effects of low pH on the growth of microalgal cells [47].  
In addition, the pH may vary in different layers of a biofilm; future studies should incorporate the use of 
pH microelectrodes to measure the potential gradient through the microalgal layers. Our observations 
contradict studies that report small or negative responses to CO2 in diatoms [48–50] but support those 
that found that elevated CO2 stimulated diatom growth [51–55]. Diatoms may benefit from seawater 
carbonation through down regulation of CCM capacity and the associated reductions in carbon fixation 
energy costs [4,6,7]. Hopkinson et al. [56] predicted that a doubling of ambient CO2 would save around 
20% of the CCM expenditure, reducing the amount of energy expended on carbon fixation by 3% to 6% 
and increasing primary production. In contrast to our findings, mesocosm experiments investigating 
benthic microalgae in more cohesive sediments have failed to detect any influence of pCO2 levels on 
biomass [57,58]. Sediment type, however, has a major influence on microphytobenthic biomass, depth 
distribution, species diversity and assemblage composition [59,60]. The microphytobenthos at our coarse 
sediment stations will experience greater water exchange with the overlying water column than occurs 
in mud [61] and the microphytobenthos in muddy sediments may have access to other dissolved carbon 
sources; therefore, the responses observed in our study may not apply to all types of coastal sediments. 
The use of natural analogues to predict effects of ocean acidification requires careful consideration 
of factors that may mask or enhance effects of elevated pCO2 levels [30,62]. Geochemical monitoring 
was carried out to choose rocky and sandy habitats that were very similar along a gradient in seawater 
carbonate chemistry but were away from the influence of heated water, H2S or anomalies in alkalinity 
and salinity, in order to provide a consistent basis for comparison of the effects of seawater CO2 
enrichment [36]. Sediment analysis revealed similarities in the physical properties of the volcanic sand 
at each sampling station. Dissolved nutrient levels and light are potentially important confounding 
variables to consider in these in situ experiments as it is difficult to isolate these effects from CO2 
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elevations on algal growth. However, light intensity was constant between CO2 enriched and reference 
sites, and phosphate and nitrate levels were similar along the gradient, while the increase in nitrite at 
stations S2 and S3 was only very small (0.01 μM). This suggests that pCO2 was the main factor 
responsible for the observed differences in microphytobenthic communities between the CO2 enriched 
and reference stations. Silicate levels were the only parameter that we found co-varied significantly with 
increasing pCO2 levels; Dando et al. [63] also found that silicate is often elevated at submarine CO2 
seeps. Silicate limits diatom growth below ~2 μM, above which diatom growth and abundance remain 
relatively constant as silicate concentrations are further elevated [64–66]. Since the background silicate 
concentration at Vulcano was well above 2 μM we may infer that increases in pCO2 (as opposed to 
silicate) were responsible for the significant increases in diatoms observed. However, while silicate 
uptake in diatoms has been typically characterised by saturation kinetics, non-saturable uptake kinetics 
have been observed in a few pelagic diatom species [67]. Consequently, not all diatom species in the 
microphytobenthos along the CO2 gradients may have been silicate-saturated; this clearly warrants further 
in-depth investigation. Furthermore, a limitation of this study was that nutrient analyses were only 
conducted in one season and are therefore not representative of the whole year. In addition, ammonium 
levels, that can constitute a significant source of inorganic nitrogen, were not assessed. 
The high variability in the carbonate system of volcanic seep sites may be considered a drawback  
to in situ studies because accurate dose-response relationships become difficult to determine. 
Furthermore, surface waters are not thought to be characterised by such rapid variability as the oceans 
acidify [68] and this may complicate the use of the information derived from vent studies in projecting 
future high CO2 scenarios [69]. However, CO2 vent systems provide an opportunity to examine the 
ecological effects of pH variability. This is essential for forecasting organism responses to acidification 
in habitats exposed to large natural diel, semi-diurnal and stochastic fluctuations in the carbonate system. 
The pH of the oceans, particularly coastal regions, is not constant [70,71], over diurnal scales pH shows 
strong systematic variation as a result of CO2 uptake during photosynthesis and CO2 release during 
respiration [72]. A compilation of high resolution time series of upper ocean pH collected over a variety 
of ecosystems has highlighted the natural temporal fluctuations (over a period of one month) and 
environmental heterogeneity associated with coastal seawater pH [73]. This natural variability was 
seldom considered in the early stages of ocean acidification research, as perturbation experiments mainly 
investigated the responses of organisms to constant levels of lowered pH. 
Acidification of coastal seawater can enhance iron bioavailability through pH-induced changes in 
iron chemistry [74] and increase concentrations of one of the most toxic and bioavailable forms of  
copper [75]. Laboratory experiments replicating near-future ocean acidification scenarios have found 
that the susceptibility of benthic ecosystems to metal contaminants increases at high pCO2 [13]. Natural 
CO2 vent gradients provide an opportunity to assess the combined effects of changes in ocean pH 
including increased solubility and bioavailability of trace elements [13,76] although care is needed to 
avoid areas that have higher levels of trace elements than are predicted due to ocean acidification [30]. The 
effects of ocean acidification on shallow ecosystems will depend on interactions between algae and their 
consumers since grazers have a major influence on the microflora of rocks and sediments [77]. Some 
ecologically important groups of grazers (e.g., gastropods and sea urchins) decrease in abundance along CO2 
seep gradients [26] and whilst some micrograzers (e.g., amphipods) tolerate areas enriched with CO2, 
many do not [24,78]. Research into the biogeochemical influence of ocean acidification on  
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grazer-primary producer interactions is in its infancy; Arnold et al. [79] found that several seagrass 
species are less able to chemically defend themselves from grazers when subjected to chronic exposures 
to elevated CO2 levels and Rossoll et al. [8] found that ocean acidification may degrade the food quality 
of phytoplankton. Preliminary work on grazer-microphytobenthos interactions at increased CO2 levels 
produced contradictory results from short-term and long-term experiments so field observations will be 
useful to determine likely effects of ocean acidification [22]. As we did not quantify herbivore abundance 
it is not possible to determine the influence of grazers on microphytobenthic communities in this study. 
Our findings confirm observations of stimulated microphytobenthic growth in CO2 enriched areas on 
artificial substrata where grazers were absent [20,21], increasing our confidence in the hypothesis that 
microbial primary producers will thrive on rocky and coarse sedimentary coastal habitats as pCO2 levels 
continue to rise. 
Phycobylin fluorescence (from rhodophytes and cyanobacteria) was only significantly enhanced at 
>1400 μatm pCO2. Kübler et al. [80] observed positive effects of high CO2 on the red alga Lomentaria 
articulata and Porzio et al. [81] recorded an increase in abundance of fleshy rhodophytes along a natural 
volcanic CO2 gradient. There were no measurable effects of moderate increases in pCO2 levels on 
phycobilin fluorescence, which is consistent with the findings of Johnson et al. [21] and similar to those 
reported by Tribollet et al. [82] who did not detect a significant effect of 750 ppm CO2 on endolithic 
assemblages. Cyanobacteria possess a form of RUBSICO that has a very low affinity for CO2 [83,84] 
and as a result have developed a highly effective CCM that is thought to be one of the most effective of 
any photosynthetic organism [85]. This may explain why cyanobacteria were less sensitive to increasing 
pCO2 levels along the vent gradient than diatoms. Furthermore, in microbial mats dominated by 
cyanobacteria, photosynthesis has been shown to be non-sensitive to pH changes in the range of  
5.6–9.6 [86]. Our findings contrast with several studies of oceanic species which reported significant, 
positive interactions of elevated CO2 on cyanobacterial photosynthesis, nitrogen fixation and  
growth [87–89]. These experiments appear to have been conducted in nutrient replete conditions; in 
oligotrophic conditions, such as off Sicily and in mid-ocean gyres, cyanobacteria may not respond 
positivity to levels of CO2 enrichment predicted this century [90]. 
The genus-specific differences in microphytobenthic abundance that we found tie-in with genus-specific 
diatom responses to changing CO2 levels [6,50–52]. While some genera (e.g., Amphora, Cocconeis and 
Navicula) remained relatively constant across the CO2 gradient, others became more scarce in areas of 
elevated pCO2 (Licmophora, Tabularia, Synedra) and some (including chain-forming genera, 
Rhabdonema, Striatella and an unidentified Bacillariaceae) increased in abundance. Elevations in  
CO2 have been shown to selectively enhance the growth of large planktonic diatom species over  
smaller species [91]. Furthermore, a greater dominance of large, chain forming periphytic  
species at elevated CO2 have also been reported by Tortell et al. [51] and by Johnson et al. [21]. 
Collectively, these findings indicate that elevated CO2 influences the competitive abilities of different size 
classes/morphologies of diatoms, causing shifts in assemblages. This may be related to differences in 
CO2 diffusion limitation between various diatom size groups and morphologies [92]. In addition to 
pCO2, changes in pH may also influence diatom community composition. Reductions in pH can affect 
diatom growth rate, silicon metabolism and intracellular pH homeostasis, which is believed to vary 
among different species according to species-specific intrinsic buffering capacity and adaptive 
capabilities [93]. Ocean acidification induced alterations in microphytobenthic assemblages may have 
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wide-reaching ecological consequences as assemblage composition is known to mediate the structure of 
the overlying macrobenthos [94]. 
In summary, the microphytobenthic assemblages on natural substrata showed significant changes 
along a CO2 gradient that mirror those recorded on artificial substrata [16]. Photosynthetic standing crop 
of both epilithic biofilms and microphytobenthic assemblages found in surface layers of sandy sediment 
was greatest in areas with long-term exposures to elevated CO2 levels. Since these responses may have 
been modulated by concurrent stressors such as trace metal enrichment, overfishing and coastal 
pollution, they are valuable for formulating more realistic predictions of ocean acidification. Such 
alterations in microphytobenthic assemblages may have important consequences for benthic trophic 
webs and larger-scale biogeochemical processes as anthropogenic CO2 emissions continue to rise and 
interact with multiple environmental stressors. 
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